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Abstract 

 

Gold nanorods (NRs) have attracted a great deal of interest for a variety of biomedical and sensing 

applications. However, developing robust methods for biofunctionalizing NRs has continued to be 

challenging, especially for NR-DNA conjugates. This is due to the presence of 

cetyltrimethylammonium bromide (CTAB), which plays an essential role in controlling the 

anisotropic particle growth. In this article, we systematically explore the growth of a polydopamine 

(PDA) layer on a range of NR surfaces, comparing different polyelectrolyte and alkanethiol 

coatings as well as direct CTAB displacement. This revealed that the PDA layer thickness and 

growth rate is strongly dependent on the underlying nanorod functionalization chemistry and 

allowed us to establish a preferred route for the creation of stable, non-aggregated suspensions of 

PDA-coated NRs. The utility of this platform was then demonstrated by self-assembling packed 

monolayers of single-stranded DNA on the outer surface. Both the surface attachment and 

bioactivity of the resulting NR-DNA conjugates was then demonstrated by performing bulk 

solution and single nanoparticle imaging fluorescence measurements.   
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Introduction 
 

Gold nanorods (NRs) have attracted a great deal of interest for a variety of biomedical and sensing 

applications due to their highly tuneable optical properties over a wide visible-IR range in 

combination with high-yield approaches for their synthesis.1 However, developing robust methods 

for biofunctionalizing nanorods has continued to be challenging due to the initial presence of a 

surface bilayer of the surfactant, cetyltrimethylammonium bromide (CTAB), which has an essential 

role in the anisotropic particle growth.2 CTAB is cytotoxic and has a medium affinity for the NR 

surface, with net desorption and destabilization of the colloid occurring when the bulk CTAB 

concentration drops below ~1 mM.3-5 As highlighted in recent reviews of nanorod conjugation 

chemistry,6, 7 there are still relatively few examples of robust and facile routes to create NRs 

conjugated to single stranded DNA (ssDNA). The direct attachment of thiol-modified DNA onto 

NRs has been reported,8-11 however complete displacement of the oppositely charged CTAB is 

unlikely and improved approaches include the presence of surfactants and thiolated polyethylene 

glycol.11-14 Other alternatives involve first displacing CTAB with either an alkanethiol either 

directly15 or via a multi-step two phase extraction16, 17 followed by DNA conjugation. The 

combination of encapsulation in a silica shell and silanization chemistry has also been reported.18 

However, while polyelectrolyte coating is a widely-established method for NR functionalization,19 

only electrostatic ssDNA surface immobilization has been described for such surfaces20 and 

attempts by us at covalent coupling of ssDNA onto coatings such as poly(acrylic acid) were 

unsuccessful. Given the potential utility of NR-ssDNA conjugates for a wide range of bioanalytical 

and assembly applications, there is still a need for simpler and more flexible approaches for NR 

functionalization.   

 

Polydopamine (PDA) is a biopolymer formed by the polymerization of dopamine hydrochloride 

(DA) in alkaline conditions. Initially inspired by adhesive proteins in mussels,21 PDA coating 

formation has been demonstrated as a valuable tool for the surface modification of a wide range of 

metallic, glass, ceramic and polymer substrates.22 Furthermore, the subsequent PDA coated surface 

is reactive to primary amine and thiol groups, which provides a route for the direct modification of 

PDA surfaces with various biofunctional molecules,23 including DNA.24-26 While most studies 

involving PDA coating have focused on surface-immobilized substrates, there have been a small 

number of recent studies involving colloidal nanoparticles. In particular, for plasmonic systems, 

PDA layer growth on metallic nanospheres26-30 as well as nanorods31-36 have been described. For the 

latter NR studies, all involve partial CTAB displacement with the presence of a PEG derivative 

needed to be added to promote colloidal stability, which has implications for achieving packed 
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ssDNA surfaces. Another aspect of PDA coating formation that has not been explored to any extent 

is the role of the underlying surface chemistry, especially on colloidal surfaces, where factors such 

as surface charge are likely to have a significant impact on the PDA layer thickness and growth 

kinetics as well as colloidal stability.  

 

In this article, we systematically explore the growth of PDA layers on a variety of both positively 

and negatively charged gold NR surfaces and then apply this study to select a system upon which to 

demonstrate an optimized route for creating high-density ssDNA monolayers on the PDA-NRs. The 

differently charged NR surfaces were prepared using various polyelectrolyte chemistries with the 

changes in localized surface plasmon resonance (LSPR) used to monitor PDA layer growth and 

dependence on parameters such as dopamine concentration and reaction time. This study enabled us 

to establish a preferred route for the preparation of PDA-coated nanorods that could be 

subsequently used as a substrate for the bioconjugation of high density ssDNA monolayers. A 

combination of bulk fluorescence and single nanoparticle imaging measurements were then applied 

to confirm the surface attachment and also the bioactivity of the NR-ssDNA bioconjugates.     

 

Experimental 
Materials. Cetyltrimethylammonium bromide (CTAB) 99.0%, hydrogen tetrachloroaurate 

(HAuCl4) 99.9% , ascorbic acid, silver nitrate (AgNO3) 99.99%, sodium borohydride (NaBH4), 

dopamine hydrochloride (99.0%), trizma Hydrochloride (99.0%), 11-mercapto-undecanoic acid 

(MUA), boric acid, Ethylene diamine tetracetic acid (EDTA), poly(sodium 4-styrenesulfonate) 

(PSS) MW ∼70,000, poly(diallyldimethylammonium chloride) (PDDA) MW ∼100,000, poly(acrylic 

acid) (PAA) MW ∼15,000, poly(allylamine hydrochloride) (PAH) MW ~15,000, sodium chloride 

(NaCl),  sodium hydroxide (NaOH) and hydrochloric acid (HCl) were all purchased from Sigma-

Aldrich and used as received. All solutions were prepared using Milli-Q deionized water. Single-

stranded DNA sequences (HPLC purified) were purchased from Integrated DNA Technologies:  

PNH2 = 5'NH2-carbon12-CGAAATCCAGACACATAAGCACGAACCGAA-3'; PNH2, CY5 = 5'NH2-

carbon12-CGAAATCCAGACACATAAGCACGAACCGAA-Cy5-3'; TNH2 = 5'NH2-carbon12-

(T)30-3'; CCY3 = 5'-Cy3-TTCGGTTCGTGCTTATGTGTCTGGATTTC-3'. Polydopamine formation 

was performed by suspending various concentrations of dopamine hydrochloride in Tris buffer (10 

mM Trizma) pH 8.5. The ssDNA conjugation to PDA was performed in TE buffer (10 mM Tris, 0.1 

mM EDTA) pH 8.5. DNA hybridization was performed in PBS pH 7.2 (10 mM phosphate, 0.3 M 

NaCl).  
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Nanorod preparation. Nanorod solutions were prepared via a scaled-up (~450 mL) version37 of 

the seed-based procedure developed by Nikoobakht and El-Sayed.38 Preparation of Seed Solution: 

A CTAB solution (5 mL, 0.2 M) was mixed with HAuCl4 (5 mL, 0.82 mM) under stirring, to which 

freshly prepared NaBH4 (0.6 mL, 0.02 M) was added, giving a brownish-yellow solution. All 

CTAB containing solutions were kept in a water bath at ~30oC. Preparation of Au-NR’s: NR’s with 

a LSPR lmax of 706 nm was obtained by adding 10 mL of AgNO3 solution (7.3 mg) to CTAB (200 

mL, 0.2 M). Next, HAuCl4 (200 mL, 1 mM) was added and the solution gently mixed by inversion. 

Ascorbic acid (2.8 mL, 0.08 M) was then added producing a color change from orange to colorless. 

Freshly prepared seed solution (250 µL) was added to the growth solution, which was subsequently 

kept in a water bath at ~30°C for 48 hrs. The solution was centrifuged at 8000 rpm for 1 hour and 

re-suspended in 1 mM CTAB three times with the resulting stock solution stored in the water bath 

until use. Two batches of NR’s were used with a LSPR lmax at ca. 700 and 770 nm and whose 

concentrations were estimated using extinction coefficients of 3.6´109 and 4.5´109, respectively.39 

 

Nanorod surface modification. Polyelectrolyte coating: A 10 mL solution of PSS (10 mg/mL) was 

added while dropwise under stirring to 40 mL of Au-NR’s. After 5 mins, the colloidal suspension 

was centrifuged at 7500 rpm (6290 g) for 30 minutes and resuspended in water. A similar procedure 

was used for PDDA and PAH layers.  Polydopamine film formation:  Optimally, a 1 mL aliquot of 

1.36 mM dopamine HCl freshly dissolved in Tris buffer pH 8.5 was added to a 3 mL aliquot of 

PSS-coated nanorods (O.D. ~1 at LSPR lmax). The reaction mixture was placed on an orbital shaker 

at room temperature for 4 hrs with the solution color darkening due to PDA formation. The solution 

was then centrifuged at 9000 rpm (9055 g) for 10 minutes twice and re-suspended in water. A 

variety of dopamine HCl concentrations and reaction times were also explored as discussed later. 

The PDA film formation was also dependent on the shaking speed or the use of an ultrasound bath 

instead.   MUA functionalization: CTAB was displaced on the NR surface, a 9.7 mM MUA solution 

was prepared in 0.2 M NaOH. To 5 mL of NR’s resuspended in 0.5 mM CTAB, 4 mL of the MUA 

solution was added.  The reaction mixture was placed in a ultrasound water bath at 55 ○C for 30 

mins and then for a further 3 hours at room temperature. The solution was centrifuged twice at 7800 

rpm (6800 g) for 30 mins and re-suspended in 0.01 M borate buffer pH = 9.2.   

 

DNA modification and hybridization:  A 700 µL aliquot of NR@PSS@PDA’s were dispersed in TE 

buffer pH 7.2, to which 110 µL of 15 µM amine-terminated ssDNA (PNH2,CY5, PNH2, TNH2) was 

added and left to incubate at 37○C. After leaving overnight, 1 M NaCl was added to increase the salt 

concentration to 150 mM. The reaction was left for another day and then centrifuged twice at 8400 

rpm (7890 g) for 20 minutes and resuspended in TE buffer pH 7.2 twice. Prior to DNA 
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hybridization reactions, NR@PSS@PDA@DNA conjugates were dispersed in 0.3 M PBS buffer.  

Various concentrations of the complementary sequence (3-244 nM) were then added to a fixed 

concentration of NR colloid (based on a maintained OD of 0.3 in the reaction volume) and left in 

the shaker for a minimum of 3 hours in order for the bioaffinity interaction to reach a steady-state.   

 

Fluorescence and Imaging measurements: Bulk solution fluorescence measurements were acquired 

using a Cary Eclipse fluorescence spectrophotometer with samples in a 1 cm path-length 4-sided 

cuvette. Single NR reflection dark-field and fluorescence images were obtained using an upright 

Nikon Eclipse LV100 microscope, a 50x (NA = 0.55) ELWD objective and a CoolSNAP HQ 

monochrome camera (0.01 s and 10 s integration times used for dark-field and fluorescence 

respectively). Polyelectrolyte coated glass cover slides were prepared, which were then exposed to a 

dilute solution of NR conjugates for ~10 mins before rinsing the surface gently with distilled water 

and drying in nitrogen. This created a relatively low surface coverage of NR’s while minimizing 

potential aggregation.4  Scanning electron microscopy measurements were performed using a FEI 

Quanta 250 field-emission environmental scanning electron microscope (SEM), samples were 

prepared by exposing a polyelectrolyte (PDDA) coated Si wafer to the colloid solution for a few 

minutes before rinsing with water to prevent drying induced aggregation.4 Transmission electron 

microscopy (TEM) measurements were performed using a Jeol 1200 EXII operating at 80 kV.  

 

Results and Discussion 
 

Optimizing polydopamine growth on NRs   

The first part of our investigation was to perform a systematic investigation of polydopamine 

(PDA) layer formation on different nanorod surfaces prior to DNA biofunctionalization.  As 

summarized in Fig. 1, a variety of different underlying surface chemistries were explored. These 

include the wrapping of different combinations of polyelectrolytes in order to compare both positive 

and negative charged surfaces as the outermost layer prior to PDA formation. Both ourselves40 and 

others41 have previously demonstrated the high stability of polyelectrolyte wrapped nanorods, 

however, the cytotoxicity of CTAB is still a concern for potential in vivo applications and thus we 

also explored the displacement of CTAB either directly during the dopamine polymerization 

reaction or by first creating an 11-mercaptoundecanoic acid (MUA) monolayer on the NR surface, 

followed by PDA formation.   
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Fig. 1  Schematic summarizing the differently functionalized nanorod surfaces upon which the 
polydopamine (PDA) coating formation was monitored. This includes alternative outer layers 
formed by layer-by layer (LbL) assembly of either poly(sodium 4-styrenesulfonate) (PSS), 
poly(diallyldimethylammonium chloride) (PDDA), poly(acrylic acid) (PAA) or poly(allylamine 
hydrochloride) (PAH). Alternatively, CTAB was first displaced with 11-mercaptoundecanoic acid 
(MUA) prior to PDA layer growth.  
 

PDA growth on polyelectrolyte coated NRs  

In order to assess the effect of the outer molecular layer surrounding the nanorod surface on the 

polydopamine layer formation, a series of extinction spectra were acquired following different 

growth times. These results are summarized in Fig. 2 comparing PSS, PDDA, PAH or PAA as the 

outermost self-assembled layer formed prior to polydopamine growth (see ESI Fig. S1 for stock 

solution spectra). Experiments where surface adsorbed CTAB is (partially) displaced are discussed 

later. In each case, the initial nanorod and dopamine concentrations were kept the same (0.2 nM and 

0.3 mM, respectively) with each spectrum representing a separate experiment where the reaction 

mixture was centrifuged and resuspended in water after various initial mixing times ranging from 5 

mins to overnight.  It is also important to note that all measurements in Fig. 2 were also performed 

at the same shaking speed during PDA growth and from the same batch of nanorods to compare the 

different LSPR shifts observed. For comparison, extinction spectra monitoring the 0.3 mM 

dopamine polymerization in the absence of nanoparticles is shown in ESI Fig. S2.  

 

The reaction conditions used in Fig. 2 were based on an initial set of measurements performed on 

PSS coated Au NRs. A typical approach was to choose a NR concentration with an OD in the 0.5 – 

1 range and then vary the dopamine concentration. As shown in ESI Fig. S3 relatively small 

changes in the bulk dopamine concentration between 0.1 and 0.5 mM had a significant effect on the 

PDA layer growth rate. Attempts at working with higher dopamine concentrations were less 

successful due to difficulty in separating coated NRs from the reaction mixture. Consequently, for 



 8 

the remainder of this study we focused on a dopamine concentration of 0.3 mM in order to achieve 

a controlled rate of polymer formation on different surfaces in a reasonable timeframe.   

  

 
Fig. 2  Extinction spectra comparing PDA layer formation at different reaction times for (a) 
NR@PSS, (b) NR@PSS@PAH@PAA, (c) NR@PSS@PDDA and (d) NR@PSS@PAH. The black 
dashed curve represents the stock NR used for each data set. For each of the remaining spectra, the 
dopamine concentration was fixed at 0.3 mM with various times of 5 min, 30 min, 1 hr, 3 hr, 6 hr, 
and 18 hr representing the mixing time prior to centrifuging (for 2 x 10 mins) and resuspending in 
water to halt further PDA layer growth. All spectra have been normalized to the same intensity at 
450 nm for comparison purposes.   
 

Looking first at PDA growth on NR@PSS in Fig. 2(a), the lmax of the longitudinal LSPR peak at 

702 nm undergoes an initial blue shift of ~6 nm followed by an increasing red shift and damping as 

the PDA layer continues to grow at longer reaction times. After leaving overnight, a significant red-

shift of 80 nm was observed.  The additional damping of the LSPR band observed can be 

potentially explained via either (i) controlled nanorod assembly or (ii) the electronic properties of 

the growing PDA layer. The observation of controlled blue-shifts for side-by-side4, 42 and red-shifts 

for end-to-end42, 43 or random nanorod assembly has been previously described. To confirm that the 

changes in the LSPR peak are associated with the electronic and refractive index properties of the 

PDA layer as opposed to NR assembly, nanoparticle tracking analysis (NTA) of colloidal solutions 

at some of the different PDA layer thicknesses shown in Fig. 2(a) was performed. The results 



 9 

shown in ESI Fig. S4 confirm an increase in the average particle size with longer reaction times. At 

6 hours and overnight, the significantly increased average size and size distribution are affiliated 

with thicker PDA layer growth rather than a decrease in particle density due to partial aggregation.  

This is further supported by the representative SEM images of NR@PDA rods shown in Fig. 3(a) 

and ESI Fig. S5 which also indicated the NRs to be individually dispersed rather than aggregated.  

 

Representative TEM images of NR@PSS@PDA samples are also shown in Fig. 3 and ESI Fig. S6. 

These measurements were performed on a separate batch of NRs with a LSPR lmax similar to that in 

Fig. 2. No surrounding polymer film could be directly observed for the NR@PSS sample, however 

it was possible to determine the thicker PDA layer. For layers which exhibited a small LSPR red 

shift of <10 nm (after 4-6 hours growth in 0.3 mM), a surrounding PDA layer thickness of ~2-3 nm 

could be measured, while for a longer growth time (~18 hours) corresponding to a LSPR red shift 

of ~15 nm, a PDA shell thickness in the region of ~5-6 nm was observed. These thickness values 

are lower than that reported by Wang et al26 on spherical Au citrate nanoparticles. However, a 

number of factors are important in layer growth rates in addition to the surface chemistry such as 

the dopamine : nanoparticle concentration ratio, buffer composition, mixing speed, temperature as 

well as reaction time.   

 
Fig. 3  (a) Representative SEM image of NR@PSS@PDA prepared with 6 hours of polymer growth 
time (see Fig. 2a) deposited on a PDDA-coated Si wafer and minimizing drying induced 
aggregation. Scale bar = 500 nm. TEM images of separate NR@PSS@PDA samples with (c) 4 hrs 
and (d) 18 hrs growth times with the associated extinction spectra and additional images shown in 
ESI Fig. S6. Scale bars = 50 nm.     
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Comparing PDA layer growth on different polyelectrolyte coatings:   

The data sets shown in Fig. 2(b), (c) and (d) where the respective outer polyelectrolyte layers are 

PAA, PDDA and PAH show significantly different PDA growth behaviors compared to that of 

NR@PSS in Fig. 2(a). This is highlighted by comparing the LSPR peak shifts in each case (plotted 

in ESI Fig. S7) which shows a much larger and more rapid change occurring for the positively 

charged NR@PSS@PAH and NR@PSS@PDDA samples compared to the negatively charged 

NR@PSS and NR@PSS@PAH@PAA substrates. Zeta-potential measurements were also acquired 

for samples prepared at various growth times (see ESI Table S1) where it was observed that a 

strongly negative zeta-potential was repeatedly measured irrespective of the corresponding PDA 

layer thickness or whether the NR was initially positively or negatively charged prior to PDA 

growth. 

 

To enable comparison between each NR surface chemistry, the measurements in Fig. 2 were 

performed on the same orbital shaker at the same speed setting. One clear difference in behavior 

between the different samples is that the PDA layer growth (based on LSPR changes) is slower and 

more controlled on a negative charge surface (PSS and PAA), than on positive surfaces (PDDA) 

while the PAH layer is expected to be partially ionized at the buffer pH.  The molecular mechanism 

of polydopamine formation continues to be debated in the literature with various models proposed 

involving a series of intermediates and various polymerization, oxidation and interaction 

processes.44 PDA layer formation has been demonstrated on a wide range of material substrates and 

the origin of this universality can be associated with the variety of functional groups created 

including indole units, amino, carboxylic acid, catechol or quinone, and p-systems that are 

incorporated into PDA. Cross-linking between monomer and polymer chain units can occur via 

several strong, non-covalent interactions (e.g. hydrogen bonding, p-stacking, charge transfer). Also, 

when combined with the low dopamine concentrations used here, it is feasible that noticeable 

differences in layer growth kinetics on different surfaces can be observed and the TEM 

measurements indicate that the nanorod LSPR is sensitive to sub-nm layer thickness changes. There 

are very few careful kinetic studies of PDA layer growth45 and we could not find any systematic 

studies of PDA growth on differently charged colloidal surfaces. Recent nanoparticle-based studies 

involving PDA layer formation have been mostly limited to citrate,26 CTAB,32 or PEG29 stabilized 

colloids.  Our results here clearly show that both the surface charge and surface functional group are 

just as important as the initial dopamine concentration.  

 

Comparing PDA growth on a different nanorod size:  

The size of the LSPR shifts described above during PDA growth will also depend on the electronic 
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properties of the gold NRs. To explore this, a repeat set of data is shown in the ESI (Figs. S8 and 

S9) using the same conditions as applied in Fig. 2 except using a replacement batch of NRs 

featuring a longitudinal LSPR lmax of ~770 nm instead of ~700 nm. Comparing the PSS, PAH and 

PAA outer layers shows the same trend with more controlled PDA time-dependent growth on the 

PSS surface.  However, the magnitude of the LSPR change is significantly different with a larger 

initial blue shift of 12 nm observed for the longer PSS@NR substrates (compared to 4 nm in Fig. 

2a). It is well-established that LSPR sensitivity to local changes in refractive index is greater for 

longer aspect ratio NRs46 and for non-absorbent layers a greater red-shift would actually be 

expected for a similar PDA layer thickness. The fact that the opposite trend is observed here is 

attributed to the electronic properties of the PDA layer formed rather than significant differences in 

the layer thickness.  The extinction spectra in ESI Fig. S2 shows that the PDA growth solution 

becomes increasingly absorbent across the visible wavelengths and the degree of spectral overlap 

between the NR LSPR and PDA layer will have a significant impact on the degree of electronic 

coupling and subsequent LSPR shift that is observed. As a comparison, this behavior has been 

studied for different NR-dye conjugate combinations.47, 48 

 

PDA coating of NRs involving CTAB displacement.   

In addition to monitoring PDA formation on polyelectrolyte coated NRs, comparison measurements 

were also performed directly with CTAB stabilized NR stock solutions as well as first displacing 

the CTAB bilayer with 11-mercaptoundecanoic acid (MUA). In addition to extending the study by 

providing an alternative surface charge and functionalization for comparison, another motivation is 

the concern regarding the toxicity of CTAB although it has been demonstrated that the cytotoxicity 

of polymer encapsulated NRs is very low.37 Fig. 4(a) shows a typical result for PDA formation on 

CTAB stabilized NRs utilizing the same NR and dopamine concentrations as in Fig. 2(a). It can 

clearly be seen from the extinction spectra that aggregation is occurring at a longer reaction time of 

1 hr, while the sample after 30 mins PDA growth remained fairly disperse after centrifugation and 

resuspension. However, the long-term stability of NR@PDA rods prepared in this manner was 

consistently poor, as shown in ESI Fig. S10 where initially stable samples would aggregate over a 

couple of days. In comparison, NR@PSS@PDA colloids had excellent long-term stability of 

several months (ESI Fig. S10). The presence of freely suspended positively charged CTAB during 

the PDA formation clearly has a destabilizing effect and previous reports of PDA coating of NR’s32-

34 all involve the introduction of PEG to prevent this. However, this also reduces the surface density 

of available attachment sites for the subsequent conjugation of active molecules onto the 

nanoparticle surface.  

  



 12 

In addition, we also explored the complete displacement of CTAB with an alkanethiol monolayer 

terminated with a carboxylic acid group (MUA) prior to PDA layer growth. After preparing stable 

NR@MUA conjugates (see ESI Fig. S11), PDA growth was performed under the same reaction 

conditions as above. As can be observed in Fig. 4(b), a red shift in the LSPR lmax of ~13 nm is 

observed after an hour and following this the peak position changes only slightly but damping is 

continued to be observed. This behavior is different compared to the negatively charged surfaces in 

Fig. 2 (i.e. PSS and PAA outer layers), and further highlights that both the functional groups and 

surface charge on the NR have an effect on the PDA layer growth.  

 

 
Fig. 4  Extinction spectra monitoring PDA coating at different reaction times for (a) CTAB 
stabilized NR’s and (b) MUA stabilized NR’s. The dashed curve represents the initial stock NR-
MUA conjugates with the remaining curves obtained following centrifugation and resuspension in 
water after different PDA reaction times. The dopamine concentration was 0.3 mM in both cases 
and in (a) the bulk CTAB concentration was reduced to 1 mM prior to dopamine addition. All 
spectra have been normalized to the same intensity at 450 nm for comparison purposes. 
 

DNA conjugation to NR@PDA.  

Having demonstrated both controlled PDA growth and long-term stability on NR@PSS substrates, 

this platform was used to explore the formation of packed ssDNA monolayers as well as confirm 

the bioactivity of the resulting NR-ssDNA conjugates. This is outlined in Fig. 5 where the 

NR@PSS@PDA conjugates are incubated with ssDNA sequences that are 5' modified with a 

primary amine (for conjugation to PDA). A carbon12 spacer was selected to promote efficient 

conjugation rather than a polynucleotide spacer as both PDA and DNA are negatively charged; 

which also promotes the DNA orientation away from the NR surface. At pH 8.5, catechol surface 

groups are oxidized to o-quinone intermediates which spontaneously undergo covalent cross-

linking to nucleophilic 5' amines via a Michael addition and/or Schiff base reaction.26, 49, 50 This 

chemistry does have an advantage compared to using thiol-modified oligos for nanoparticle 

modification due to less handling required regarding long-term storage and disulfide bond cleavage 

prior to use.  To monitor the ssDNA surface attachment onto the NR surface, a Cy5 dye molecule 
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was conjugated to the 3' end (sequence PNH2, CY5). The bioavailability of the surface ssDNA was 

then monitored through exposure to the complementary sequence (CCY3) which is modified with a 

Cy3 dye molecule and results in the creation of a fluorescence resonance energy transfer (FRET) 

pairing.   

 

 

 
Fig. 5  Schematic overview of the steps for the covalent coupling of ssDNA to PDA coated NRs and 
subsequent hybridization reaction performed to confirm the bioavailability of surface immobilized 
sequences. 
  

In a first set of experiments, solution fluorescence measurements were applied to quantify the 

conjugation of the PNH2,CY5 sequence onto the NR surface. Fig. 6(a) shows an example set of data 

where the intensity of the Cy5 fluorescence spectrum is compared before and after NR conjugation, 

with the NR-PNH2,CY5 conjugates separated via centrifugation prior to analysis of the supernatant. 

Measurements were performed both with and without the presence of 0.15 M NaCl when preparing 

the conjugates to demonstrate the higher ssDNA surface densities that can be obtained by the 

charge-screening effects of the salt. Initial conjugation measurements were performed in the 

presence of a higher (1.1 µM) ssDNA concentration. This corresponds to a loading ssDNA/NR ratio 

of ~10,500, which was chosen to promote maximum surface coverage.26, 51 Our measurements (ESI 

Fig. S12 shows a linear fluorescence signal calibration curve) revealed an estimate of ~1300 (±90) 

ssDNA strands per NR (LSPR lmax 700 nm). This is considerably higher than that reported by 

Wiyama et al10 who reported ~120-230 ssDNA strands per NR using an alkanethiol ligand 

exchange approach for surface functionalization and a similar number (<300) is theoretically 

predicted by Hill et al52 though this model was only experimentally verified using much larger 

nanorod structures. In the absence of NaCl, the ssDNA loading density was repeatedly ca. 45-50% 

lower (along with a smaller LSPR peak change, Fig. 6b) than that achieved in the presence of 0.15 

M NaCl, as expected.  In addition, when comparing ssDNA conjugation between two different PDA 

layer thickness (formed at 4 and 18 hrs growth) only a ~10% difference in loading density was 

observed (data not shown) with the thicker PDA layer associated with a slightly higher ssDNA 

surface coverage.  
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Fig. 6  Monitoring ssDNA conjugation to NR@PSS@PDA’s. (a) Fluorescence spectra (lex = 600 
nm) demonstrating drop in Cy5 concentration associated with the NR-ssDNA formation. The initial 
PNH2,CY5 solution diluted to the reaction volume is compared to supernatant solutions obtained both 
in the presence and absence of 0.15 M NaCl following conjugation. (b) Extinction spectra of 
NR@PSS@PDA before and after PNH2,CY5 conjugation. (c) Correlated dark-field and fluorescence 
images of PNH2,CY5 conjugated NR’s (in 0.15 M NaCl). Scale bar = 16 µm. 
 

It is well-established that the highest ssDNA packing occurs on smaller radius particles with 

densities as high as ~250 strands/particle reported for 15 nm particles (0.35 strands per nm2) when 

PEG spacers are utilized instead of additional nucleotides.51 The NRs used for the DNA conjugation 

measurements have an aspect ratio of ~2.8 (LSPR lmax ~700 nm) and width of 17 nm and the 

neutral carbon-12 spacer used here should also facilitate higher packing. Estimating the thickness of 

the surrounding polymer layer as ~4 nm (i.e. 25 nm width, 56 nm length) results in an estimate of 

0.29 ssDNA strands per nm2 (at the high ~1300 per NP loading ratio).  For comparison, on PDA 

coated Au nanospheres ~50 nm in size, a DNA loading of ~2050 per NP (0.15 strands per nm2 

considering PDA layer thickness) has been reported elsewhere.26  The higher DNA surface density 

observed here on PDA@NR’s is approaching that reported for DNA-SH self-assembly methods on 

smaller Au nanospheres.51 Furthermore, the imaging of NR-PNH2,CY5 conjugates immobilized on a 

glass slide in Fig. 6(c) also highlights the high ssDNA surface density and uniformity across the 

nanoparticle population with comparison of the dark-field and fluorescence images indicating over 

>95% of features in the dark-field image exhibiting significant Cy5 coverage.  
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DNA Hybridization to NR@PDA@ssDNA 

A final set of measurements were then performed to confirm the bioactivity of the NR-ssDNA 

conjugates. Fig. 7(a) shows a series of bulk fluorescence measurements involving conjugates 

prepared with PNH2,Cy5 as well as PNH2 (i.e. no Cy5) and T30,NH2 control sequences for comparison. 

When various concentrations of CCY3 DNA were added to each sample for a minimum of 3 hours 

before irradiating at 480 nm, a smaller increase in Cy3 fluorescence emission associated with 

coupling between Cy3 and Cy5 was only observed for the NR-PNH2,Cy5 conjugates. Furthermore, a 

net larger change in signal was observed for the conjugates prepared in the presence of NaCl, 

highlighting the higher PNH2,Cy5 surface density. The control sequences were chosen to provide a 

clear demonstration that a Cy3-Cy5 interaction was occurring due to the formation of dsDNA rather 

than non-specific interactions or potential quenching of the Cy3 by PDA was responsible for the 

differences observed. For these bulk measurements, the overlap of the Cy5 emission with the LSPR 

of the NR’s prevented this wavelength range from being accurately monitored. Consequently, we 

also performed additional single nanoparticle imaging measurements (see Fig. 7b) utilizing 

different combinations of Cy3 and Cy5 excitation and emission filters on the same sample and 

compared along-side a dark-field image for particle identification. This showed that Cy5 emission 

could be detected upon Cy3 excitation while the Cy3 emission was barely detectable under the 

same acquisition conditions, indicative of Cy3-Cy5 coupling and that a significant fraction of the 

surface immobilized ssDNA strands are available for hybridization.   

 

The DNA conjugation and hybridization measurements together provide evidence of packed 

ssDNA monolayers forming NR@PSS@PDA substrates with good bioavailability.  This was also 

supported with zeta-potential measurements, which typically demonstrated a change from c.a.  –30 

mV to –15 mV following DNA hybridization. In this initial study, we have chosen conditions aimed 

at maximizing the ssDNA surface loading density and allowing sufficient time during hybridization 

to ensure steady-state coverage. Future work exploring additional parameters such as ssDNA 

surface density, dye spacing from the PDA layer and monitoring in-situ surface hybridization 

kinetics will promote the utilization of this PDA surface chemistry for a wide range of nanoparticle-

based sensing applications. 

 

  
 



 16 

 
Fig. 7  Monitoring DNA (CCY3) hybridization on to NR-ssDNA conjugates. (a) Changes in Cy3 bulk 
solution fluorescence at added CCY3 concentrations ranging from 3 to 233 nM to: (i) NR-T30,NH2, 
(0.15 mM NaCl), (ii) NR-T30,NH2 only,  (iii) CCY3 only, (iv) NR-PNH2, (v) NR-PNH2 (0.15 mM NaCl), 
(vi) NR-PNH2,Cy5 only, and (vii) NR-PNH2,Cy5, (0.15 mM NaCl). Each data point corresponds to a 
minimum incubation time of at least 3 hours prior to bulk fluorescence measurement.  (b) 
Correlated dark-field and fluorescence images of NR-PNH2,Cy5 conjugates with different 
combinations of Cy3 and Cy5 excitation and emission filters. The NR conjugates were immobilized 
on a glass coverslip, which was subsequently incubated with 50 nM CCy3 in PBS buffer and then 
rinsed and dried prior to imaging. Scale bars = 10 µm. 
 

Conclusion 
In this article, we compared multiple routes for the controlled formation of polydopamine layers on 

gold nanorods with the subsequent aim of establishing a robust route for the fabrication of NR-ssDNA 

conjugates. While PDA chemistry has been frequently described as a universal coating and has been 

successfully demonstrated on a wide range of substrates, there have been no studies systematically 

looking at the role of surface functional groups and charge on the kinetics and thickness of the films 

deposited on nanoparticle or planar surfaces.  The sensitivity of the nanorod LSPR peak combined 

with the ability to easily modify the NR surface via polyelectrolyte wrapping enabled us to reveal 

that the PDA layer formation is actually very sensitive to the properties of the underlying surface. A 
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high loading density of ssDNA is critical for achieving the cooperative binding properties of DNA-

nanoparticle conjugates. While this has been well-studied on spherical nanoparticles,53 we hope that 

this work will promote the integration of DNA-anisotropic nanoparticle conjugates into more 

complex bionano systems. Furthermore, since antibodies and many other species can be readily 

conjugated to PDA, we expect the methodologies described here will further expand the utility of 

nanorods across multiple research areas.   
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TOC Image 

 

The formation of a stable polydopamine layer on a nanorod surface depends on the underlying 

chemistry and optimization enables the formation of packed ssDNA monolayers for bioaffinity 

applications.  

 

 


